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Abstract 

Background: The ability of animals and their microbiomes to adapt to starvation and then restore homeostasis 
after refeeding is fundamental to their continued survival and symbiosis. The intestine is the primary site of nutri-
ent absorption and microbiome interaction, however our understanding of intestinal adaptations to starvation and 
refeeding remains limited. Here we used RNA sequencing and 16S rRNA gene sequencing to uncover changes in the 
intestinal transcriptome and microbiome of zebrafish subjected to long-term starvation and refeeding compared to 
continuously fed controls.

Results: Starvation over 21 days led to increased diversity and altered composition in the intestinal microbiome 
compared to fed controls, including relative increases in Vibrio and reductions in Plesiomonas bacteria. Starvation 
also led to significant alterations in host gene expression in the intestine, with distinct pathways affected at early and 
late stages of starvation. This included increases in the expression of ribosome biogenesis genes early in starvation, 
followed by decreased expression of genes involved in antiviral immunity and lipid transport at later stages. These 
effects of starvation on the host transcriptome and microbiome were almost completely restored within 3 days after 
refeeding. Comparison with published datasets identified host genes responsive to starvation as well as high-fat feed-
ing or microbiome colonization, and predicted host transcription factors that may be involved in starvation response.

Conclusions: Long-term starvation induces progressive changes in microbiome composition and host gene expres-
sion in the zebrafish intestine, and these changes are rapidly reversed after refeeding. Our identification of bacterial 
taxa, host genes and host pathways involved in this response provides a framework for future investigation of the 
physiological and ecological mechanisms underlying intestinal adaptations to food restriction.
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Introduction
Starvation is a state of severe caloric restriction regularly 
experienced by many animal species and a significant 
portion of the human population. In humans, starva-
tion can be the result of environmental or socioeconomic 
conditions including war, famine, and poverty [1]. It can 
also occur alongside pathologies such as anorexia ner-
vosa and cancer [2]. In animals, periods of absolute or 
relative starvation can result from seasonal changes such 
as drought and severe cold, or from behaviors such as 
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nesting, lactation, migration, and hibernation [3]. This 
wide range of circumstances leading to starvation across 
the animal kingdom evokes a range of progressive physi-
ologic adaptations to starvation across different species. 
Indeed, previous studies have reported similarity and 
divergence in starvation physiology across animal taxa 
such as humans, rodents, polar bears, penguins, reptiles, 
amphibians, fish, and insects [4]. However, previous stud-
ies have largely focused on tissue histopathologies associ-
ated with starvation, whereas effects on the underlying 
physiological processes remain incompletely understood.

Across many animal species, starvation leads to a pro-
gressive decrease in metabolic rate [5]. Increased blood 
glycerol, which serves as a gluconeogenic precursor, 
is also common in starved animals, as are fluctuations 
in free fatty acids [3, 4]. The overall depletion in energy 
stores leads to weight loss, which is generally greater in 
endotherms when compared to ectotherms [6]. Starva-
tion is also associated with a gradual reduction in mass 
in important organs such as the liver, skeletal muscle, and 
intestine [4, 7]. These effects necessitate a recovery from 
starvation to restore optimal function to these organs. 
Inherently linked to starvation, the return to homeostasis 
following starvation is facilitated by a refeeding response 
that gradually reverses starvation-induced adaptations 
and restores energy balance. Physiological responses to 
starvation and subsequent refeeding are dynamic and 
complex, involving coordination between major organ 
systems via nutritional and hormonal signals. The ulti-
mate outcome of these starvation responses is often the 
preservation of lean body mass while favoring the deple-
tion of energy stores such as glycogen and fat [8, 9]. How-
ever, despite these effects, starvation often results in 
lasting defects on bone density, pancreatic function, and 
mental development long after refeeding [10–12]. Thus, 
improved understanding of these dynamic physiological 
processes could lead to new approaches to reduce mor-
bidities and mortalities associated with starvation in 
humans and other animals [13].

Previous studies on the effects of refeeding after 
starvation have largely focused on tissues such as liver, 
skeletal muscle, brain, and pancreatic islets [14–18]. 
We have a relatively poor understanding of the tran-
scriptional starvation and refeeding responses in 
the intestine. The intestine is the major site of die-
tary nutrient sensing and absorption, and harbors 
complex communities of microorganisms (microbi-
ome). Previous studies in humans and rodent models 
have shown that intestinal microbiome composition 
changes in response to starvation and diet compo-
sition with distinct contributions to the nutritional 
physiology of their hosts [19–26]. These findings 
informed more recent studies that have investigated 

microbiome-targeted therapeutics for alleviating star-
vation and its associated developmental defects [27–
29]. However, gut microbial responses to starvation 
have been largely limited to mammals, and our under-
standing of intestinal physiological responses to star-
vation and feeding in any animal remains quite limited.

Animal models provide opportunities to study 
the processes that underlie starvation and refeed-
ing responses in vertebrates, resulting in a general 
understanding that may be translated to humans [30]. 
Poikilothermic vertebrates such as cyprinid fishes are 
particularly interesting due to their capacity to endure 
prolonged starvation periods. In response to prolonged 
starvation, cyprinids such as carp exhibit a reduction in 
intestinal thickness and weight, altered enterocyte mor-
phology, and a decrease in body weight and liver size, 
similar to the starvation response in mice [17, 31–35]. 
Zebrafish (Danio rerio) survive up to 4 weeks of star-
vation as adults, and a suite of genomic and genetic 
resources facilitate the investigation of their physiology 
[36]. Using in  vivo imaging to monitor white adipose 
tissues as a measure of energy storage, we previously 
showed that prolonged starvation in adult zebrafish 
leads to progressive mobilization of fat stored in white 
adipose tissues, which is replenished in response to 
refeeding [37–39]. Because adipose tissues develop pro-
gressively during juvenile and adult stages, the duration 
of starvation required to completely mobilize adipose 
lipid increases with animal age (e.g., from 1 week in 
juveniles up to 3 weeks in adults) [37–39]. However, the 
impact of prolonged starvation and refeeding on the 
zebrafish intestine has not been explored.

The zebrafish intestine displays extensive cellular 
and physiological homology to that of mammals, and 
harbors a microbiome that varies in composition as a 
function of age and diet composition [40–45]. The pres-
ence and composition of the intestinal microbiome in 
zebrafish impacts the host by regulating dietary nutri-
ent absorption, epithelial renewal, and inflammation 
[41, 43, 46–50]. By comparing patterns of gene expres-
sion and accessible chromatin in intestinal epithelial 
cells from zebrafish, mouse, and human, we recently 
discovered a conserved transcriptional regulatory net-
work conserved across 420 million years of vertebrate 
evolution [51]. Building upon this recent work, here we 
define the impact of prolonged starvation and refeeding 
on gene expression in the adult zebrafish intestine, and 
use these results to predict the physiological processes 
and transcription regulatory pathways that underlie the 
response to starvation and refeeding. We also show how 
the taxonomic composition of the adult zebrafish intes-
tinal microbiome is altered during the same prolonged 
starvation and refeeding regimen.
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Results
Starvation is accompanied by significant changes 
in gut microbiome composition that are reversed 
during refeeding
To determine the influence of starvation on zebrafish 
microbiome composition and intestinal gene expression, 
zebrafish were reared under conventional conditions 
using a standard diet to early adulthood (60 days post fer-
tilization or dpf ). Animals were then moved into clean 
tanks and randomly assigned into one of two treatment 
groups: one group was starved for 21 days followed by 
21 days refeeding, and a reference control group was con-
sistently fed across the same 42-day time course (Fig. 1A). 
This 21 day starvation regimen was selected because it is 
sufficient in adult zebrafish to completely deplete stored 
lipid from adipose tissues and reduce body weight and 
liver size, whereas subsequent refeeding largely restores 
total adipose tissue lipid, body weight, and liver size 
within 14 days [37, 38, 52, 53]. We performed 16S rRNA 
gene sequencing on whole intestinal samples from 
zebrafish at 0, 1, 3, 7, and 21 days post-starvation (dpS), 
then at 1, 3, 7, and 21 days post-refeeding (dpR) with a 
standard diet (Fig.  1A). Age matched siblings fed the 
same standard diet on a daily basis served as reference 
controls and were sampled at the same time points.

During these early adult stages, zebrafish fed normally 
continued to display somatic growth as expected. Meas-
urements of animal size as standard length (SL) and 
height at anterior anal fin (HAA) revealed that somatic 
growth in starved fish was largely arrested compared to 
control fish (Fig.  1B-C). Starved fish were significantly 
smaller than fed fish by 7 days post-starvation and this 
trend continued beyond the end of the starvation period. 
Starved animals resumed growth after refeeding, though 
they remained significantly smaller than fed fish through-
out the duration of the experiment (p  < 0.05, two-way 
ANOVA with Bonferroni correction) (Fig.  1B-C). We 
observed no mortality in any of these conditions consist-
ent with previous studies [38, 53]. Starvation therefore 
caused a general arrest in somatic growth which was 
restored upon refeeding.

Analysis of 16S rRNA gene sequencing data from 
intestinal samples revealed the impacts of prolonged 
starvation and refeeding on intestinal microbiome com-
position. Overall the intestinal microbiomes of starved 

zebrafish maintained a higher Faith’s PD diversity com-
pared to fed controls. Both conditions displayed an initial 
loss of diversity by 1dpS, perhaps due to stress caused by 
tank transfer at 0dpS when the experiment began. How-
ever starved communities maintained significant higher 
diversity from 1dpS through the end of starvation at 
21dpS and again at 21dpR (p < 0.05, ANOVA and Tukey 
HSD) (Fig.  1D). Beta diversity analysis of community 
composition using weighted UniFrac distances showed 
that starved and fed communities began to differ by 1 
dpS, with the centroid distances being greatest at 3dpS 
and 21 dpS (Fig. 2A). During refeeding, the starved fish 
samples quickly returned to a composition more similar 
to fed controls (Fig.  2A). PERMANOVA further con-
firmed that starvation, experimental time point, and the 
interaction are significant factors (p  < 0.05, R2  = 0.017, 
0.17 and 0.07, respectively) affecting gut microbiome 
composition. Thus, prolonged starvation induced detect-
able shifts in overall composition of gut bacterial com-
munities that were reversed quickly after refeeding.

Starvation increases similarity between zebrafish gut 
microbiomes and their surrounding water environment
The microbiome residing in the zebrafish intestine 
exists in continuity with that of the surrounding water 
environment, however these communities typically 
display distinct compositions [42–44]. The ecologi-
cal processes contributing to these differences remain 
unclear, but could include non-neutral processes such 
as host selection [54, 55] or the magnitude of disper-
sal between the intestine and the surrounding envi-
ronment [56]. To test if starvation and refeeding alter 
the relationship between the gut and environmental 
microbiomes, we compared weighted UniFrac distance 
between matched gut and environmental samples 
in starved/refed and control fish normalized by the 
day 0 values. The distance between gut and environ-
mental samples increased between 0 dpS and 21 dpS 
(Fig. 1E), perhaps reflecting restoration of homeostasis 
after the stress of transfer into new tanks that occurred 
at 0 dpS. However, from 7 dpS to 7 dpR the distance 
between gut and environmental samples was greater 
for starved than fed controls. This suggests that the 
fed controls had an intestinal microbiome composition 
more similar to the environment compared to starved 

Fig. 1 Starvation and refeeding affect zebrafish somatic growth as well as intestinal and environmental microbiome diversity. A Study design 
schematic. Cohoused adult siblings were divided into either control (fed) or experimental (starved) tanks. Samples were then taken from each tank 
on days 0, 1, 3, 7 and 21 post-starvation (dpS) as well as 1, 3, 7, and 21 days post-refeeding (dpR) for 16S rRNA gene sequencing. RNA-seq samples 
were taken at 3 dpS, 21 dpS, and 3 dpR. B Fed and starved zebrafish height at anterior of anal fin (HAA) in mm at corresponding timepoints. C 
Standard length in mm of starved and fed zebrafish. D Faith’s PD alpha diversity for fed and control zebrafish. Values are log transformed and 
normalized by the scores at day 0. E Weighted UniFrac distance between the gut and associated environment sample. Stars in panels B-E denote 
significant difference (p < 0.05 by Tukey’s HSD test)

(See figure on next page.)
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Fig. 1 (See legend on previous page.)
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fish during those stages. At 21 dpR these distances 
were not statistically different between treatment 
groups. These results indicate that starvation increases 
similarity between gut and environmental communi-
ties but refeeding restores differences between these 
communities to levels achieved under constant feeding 
conditions.

Vibrio bacteria are significantly enriched in the intestine 
during starvation
We next sought to identify the specific bacterial taxa that 
were significantly affected by starvation and refeeding 
using LEfSe [57]. LEfSe identified 120 genus-level taxa 
that reached a logarithmic LDA score of 2.0 (Table S1). 
This set of affected taxa included 12 abundant genera 

Fig. 2 Starvation and refeeding dynamically alters composition of the adult zebrafish intestinal microbiome. A Principal coordinates analysis of 
weighted UniFrac diversity for fed and starved zebrafish. The distance between centroids of the two cohorts at the corresponding timepoint is 
shown in the top right of each plot. The gray dots represent every sample in the study, while the samples from a given timepoint are labeled in their 
respective panel according to their cohort (green: starved/refed, gold: fed controls). B Heatmap of log2 ratio of the relative abundance of bacterial 
genera between starved and fed controls. Stars denote day identified as significant by LEfSe. C Relative abundance of Vibrio in starved and control 
zebrafish intestines by day. D Relative abundance of Vibrio in starved and control environmental tank water samples by day. E Relative abundance 
of Plesiomonas in starved and control zebrafish intestines by day. F Relative abundance of Plesiomonas in starved and control environmental tank 
water samples by day. Stars in panels C-F denote significance (p < 0.05) by pairwise Wilcoxon test with BH correction
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(median relative abundance > 0.1% across all samples; 
shown in Fig.  2B) including starvation-induced deple-
tion of Plesiomonas and enrichment of Vibrio. Strik-
ingly, Vibrio reached a maximum relative abundance of 
87% (median 34%) in the intestines of starved zebrafish at 
21dpS, which was markedly higher than that of fed con-
trols (maximum 62%, median 4%) at the same time point 
(Fig.  2C). In contrast, starvation led to reduced relative 
abundance of Plesiomonas in the intestine by 1dpS con-
tinuing through 7dpR (Fig. 2E). These effects of starvation 
on Vibrio and Plesiomonas sp. in the starved guts were 
reflected in the environmental samples of the starved fish 
(Fig. 2D-F). Importantly, none of the phyla or orders that 
were significantly depleted or enriched were significantly 
correlated with SL after Bonferroni correction (see Table 
S2). This suggests that their depletion and enrichment are 
due to the dietary treatment, and not simply the growth 
arrest observed in starved animals (Fig.  1C-D). These 
results establish that prolonged starvation leads to sig-
nificant alterations in intestinal microbiome composition 
including marked enrichment of Vibrio genus members, 
and that these alterations in microbiome composition are 
largely normalized within 1–3 days of refeeding [41, 42, 
48].

Starvation and refeeding leads to distinct changes 
in intestinal gene expression that vary with the duration 
of starvation
Previous work in vertebrates has shown that starvation 
can significantly affect host gene expression in multiple 
organs [4, 7, 17, 33, 52]. Our analysis of intestinal micro-
biomes during starvation and refeeding suggested dis-
tinct stages - early starvation when microbiome effects 
are initially observed (i.e., 3 dpS), late starvation when 
microbiome alterations are greatest (i.e., 21 dpS), and 
early refeeding when microbiome composition is largely 
normalized (i.e., 3 dpR). We therefore dissected whole 
intestinal tracts from 3dpS, 21dpS, and 3dpR adult 
zebrafish and their fed age-matched controls for RNA-
seq analysis (3–4 biological replicate samples/condition; 
Fig.  1A). Principal components analysis (PCA) of these 
data revealed similarities between biological replicates 

(Fig.  3A). Similar to the observed effects on the intesti-
nal microbiome, PCA indicated the impact of starvation 
on intestinal gene expression was greater at 21dpS than 
3dpS or 3dpR. We then used DEseq2 analysis to iden-
tify genes differentially expressed in starved/refed fish 
compared to their fed controls at each timepoint (Table 
S3A). In accord with our PCA analysis, the number of 
significant differentially expressed genes increased from 
87 genes at 3dpS to 182 genes at 21dpS, and was reduced 
to 11 genes by 3dpR (Fig. 3B). This further supports that 
starvation has a progressive impact on the intestinal tran-
scriptome through 3dpS and 21dpS which is largely nor-
malized by 3dpR.

As a control and to estimate the influence of the 
developmental time covered during the experiment, we 
compared differential gene expression between the fed 
timepoints. There were 135 genes found to be significant 
in these comparisons, but only 30 of these were repre-
sented among significant genes in our Starved vs. Fed 
comparisons (18 at 3dpS, 15 at 21dpS, 2 at 3dpR; listed in 
Table S3B and shown in Fig. S1B) and they were removed 
from our subsequent analyses of starvation effects (see 
Fig. S2 for results with those genes retained in the anal-
ysis). Hierarchical clustering of the  log2 fold changes in 
transcript abundance revealed distinct groups of genes 
that were upregulated or downregulated in response 
to starvation, including striking differences between 
the response to starvation at 3dpS and 21dpS (Fig.  3C). 
Though gene expression differences between starved/
refed fish and fed controls was largely restored by 3dpR, 
there was a small set of 9 genes that continued to be dif-
ferentially expressed even at 3dpR (Fig.  3B; Table S3A). 
Although this list of persistent genes was too small to 
permit functional enrichment analysis, it does suggest a 
potentially small group of intestinal functions that remain 
altered after restoration of feeding or that respond to 
both starvation as well as to refeeding. These persistently 
different genes are discussed below in context.

Among the genes known to be starvation respon-
sive, we first examined transcript levels of elovl2, a fatty 
acid elongase previously shown to be downregulated in 
zebrafish during starvation [58–60]. Elovl2 has also been 

Fig. 3 Starved zebrafish differentially regulate intestinal gene expression when compared to fed zebrafish. A Principal Components Analysis (PCA) 
of RNA-Seq libraries in starved/refed and fed control zebrafish intestines at 3dpS, 21dpS, and 3dpR. B Quantification of the number of significantly 
upregulated and downregulated genes in starved/refed zebrafish intestines at each timepoint. Note that these numbers in panel B include genes 
that were also significantly differential in our fed control comparisons. C Hierarchical clustering of log2 fold changes in gene expression in starved 
zebrafish intestines, along with flattened values that show significant changes in gene expression, and z-scores based on normalized counts of 
each gene. D Log2 fold changes in gene expression in starved zebrafish intestines at 21dpS when compared to 21dpS fed fish plotted according 
to their -log10 adjusted p-values. Note that data plotted in panels C and D do not include genes that were significantly differential within fed fish 
(see Table S3B and Fig. S2). E UCSC tracks of representative replicates show that elovl2 mRNA, encoding a fatty acid elongase, is downregulated in 
starved zebrafish intestines and returns to levels comparable to the fed group upon re-feeding. F UCSC tracks of representative replicates show 
that tmprss15 mRNA, encoding an enteropeptidase, is upregulated in starved zebrafish intestines and returns to levels comparable to the fed group 
upon re-feeding

(See figure on next page.)
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Fig. 3 (See legend on previous page.)
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implicated in inducing insulin secretion in response to 
glucose in mice, and fatty acid elongases have been exten-
sively studied in fish as they function in biosynthesis of 
long-chain polyunsaturated fatty acids, which are com-
mercially important in fish aquaculture [58, 61, 62]. In 
accord, elovl2 was significantly downregulated by 3dpS, 
was one of the most significantly downregulated genes in 
starved fish at 21dpS, and was also consistently expressed 
across the control fed fish group (Fig.  3D-E, Fig. S1A). 
This downregulation suggested a reduction in intestinal 
fatty acid synthesis during starvation.

To understand which biological processes are impacted 
by starvation, we performed Gene Ontology (GO) term 
searches of four groups of genes from our dataset; genes 
significantly upregulated at 3dpS or 21dpS, and genes 
significantly downregulated at 3dpS or 21dpS (Figs.  3C, 
S1C-D, and S3). We first identified distinct, non-overlap-
ping functions that were enriched early in starvation (i.e., 
at 3dpS) and late in starvation (i.e., at 21dpS). For exam-
ple, functions enriched only among upregulated genes 
at 3dpS, and not 21dpS, included “ribosome” and “ribo-
some large subunit biogenesis” (Fig. S1E). These included 
the ribosome biogenesis factor nsa2 and gtpbp4 which 
is involved in biogenesis of the 60S ribosomal subunit, 
which were significantly upregulated at 3dpS but not 
21dpS. However, the function “ribosomal large subu-
nit assembly” was enriched among genes upregulated at 
21dpS and not 3dpS. This included some genes that were 
only significantly increased at 21dpS such as ruvbl1 and 
srfbp1, and others that were significantly increased at 
both 3dpS and 21dpS such as rsl24d1, ptges3l, and gltscr2 
(Table S3A). Overall, genes involved in ribosome bio-
genesis were induced more strongly at 3dpS compared 
to 21dpS, suggesting it is a relatively early response to 
starvation with aspects that continue through 21dpS (Fig. 
S3CD, Table S3A).

Also among the genes upregulated specifically at 
3dpS was the heat shock protein hsp90ab1, a molecular 
chaperone previously shown to be upregulated in adult 
zebrafish liver in response to starvation [17]. The most 
significantly upregulated gene in our dataset was the 
enteropeptidase/enterokinase tmprss15, that converts 
trypsinogen into active trypsin which in turn activates 
pancreatic enzymes and potentially also antimicrobial 
proteins in the intestinal lumen (Fig.  3D-F) [63, 64]. 
Intestinal expression of tmprss15 was not affected by 
starvation at 3dpS, but was upregulated 6-fold by 21dpS 
(Fig. 3D-F). Notably, a deficiency in TMPRSS15 has been 
shown to confer a lean, starvation-like phenotype in 
humans, consistent with its known key role in nutrient 
digestion and absorption [65]. Upregulation of tmprss15 
in the starved zebrafish intestine suggests potential adap-
tive increases in nutrient digestion programs to salvage 

nutrients from the intestinal lumen, or in antimicrobial 
defense against an altered and potentially pro-inflamma-
tory microbiome.

Similarly, functions enriched specifically among down-
regulated genes at 3dpS and not at 21dpS included 
“metabolism of lipids”, “regulation of cell proliferation”, and 
“ubiquitin-dependent protein catabolic process” (Fig. S1E). 
This included downregulation of the acyltransferase lclat1 
and fatty acid binding protein fabp1b.1 at 3dpS but not 
21dpS. However, related functions “glycerophospholipid 
metabolism”, “lipid transport”, and “lipid metabolic pro-
cess” were enriched among downregulated genes at 21dpS 
but not 3dpS. These included the phospholipase pla2g12b, 
the fatty acid desaturase fads2, the lipid transfer protein 
scp2a, and multiple apolipoproteins including apoa1a, 
apoa4b.1, and apobb.1 (Figs. 3D, S1E, S3AB) [66]. Notably, 
apolipoprotein genes have been shown to be downregu-
lated in starved rainbow trout livers [67]. Although these 
genes were significantly downregulated only at 21dpS, 
most began trending towards downregulation at 3dpS. Yet 
other genes involved in these functions including elovl2 and 
fabp1b.1 were significantly downregulated at both 3dpS and 
21dpS with a larger difference at 21dpS (Figs. 3D and S1A, 
Table S3A). Notably, the transporter slc31a1/ctr1 involved 
in dietary copper uptake was also significantly downregu-
lated at both timepoints. Thus, while shorter durations 
of starvation such as 3 days lead to a downregulation of 
some metabolic functions, most of the genes involved in 
lipid metabolism are not significantly downregulated until 
21 days of starvation. Prolonged starvation therefore leads 
to reduced expression of genes involved in lipid biosynthe-
sis and transport, perhaps representing an adaptation to 
the prolonged absence of dietary fats and other nutrients. 
However, this contrasts with shorter periods of starvation, 
such as 48 h, where other zebrafish studies have observed 
an increase in lipid catabolism, potentially to increase avail-
able energy and improve resistance to cold [68].

The genes significantly downregulated by starva-
tion were also enriched for host immune functions. 
For example, the signal transducer stat1b, which is 
required for inflammatory responses in the intestine 
and for myeloid development in zebrafish [69, 70], 
and the interferon responsive gene ifit8 are down-
regulated by 3dpS and continuing through 21dpS. By 
21dpS, ifit15 and the antiviral protein rsad2 are also 
significantly downregulated. In accord, downregulated 
genes at 21dpS were enriched for functions involved in 
“defense response to virus”. Finally, the carboxypepti-
dase cpa5 which is considered a marker for mast cells 
in zebrafish [71] was also significantly downregulated 
at 21dpS, suggesting a potential reduction in mast cell 
number or activity in the intestinal tissue. Although 
several immune-related genes were downregulated in 
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starved fish, complement proteins c6 and c7 were both 
significantly upregulated in starved fish (Table S3). 
Our analysis of genes downregulated during starva-
tion therefore suggests a reduction or impairment in 
immune function and inflammatory tone in the intes-
tine during starvation, along with significant reduc-
tions in lipid metabolism and lipoprotein production. 
Reduced immune function during starvation may rep-
resent a mechanism contributing to the microbial com-
munity alterations observed at those timepoints.

While there were too few significant genes after refeed-
ing at 3dpR to permit analysis of functional enrichment, 
several of these genes were suggestive of potential intesti-
nal functions. This included increased expression at 3dpR 
of genes encoding the tandem-duplicated trypsin-like 
serine proteases prss59.1 and prss59.2. This small set of 
genes also included three mitochondrial enzymes beta 
carotene dioxygenase-like gene bco2l, involved in cleav-
age of dietary carotenoids into retinoids towards Vitamin 
A synthesis; and dimethylglycine dehydrogenase dmgdh, 
involved in glycine synthesis and production of sarco-
sine in the choline oxidation pathway. Notably, Dmgdh 
was previously shown to be induced in mouse livers 
upon fasting, and reduced in the livers of ground squir-
rels preparing for hibernation [72, 73]. Of the 11 genes 
differentially expressed in 3dpR refed fish compared to 
fed controls, 6 were also differentially expressed at 21dpS 
including prss59.1, prss59.2, and bco2l. These may repre-
sent starvation adaptations that remain altered after res-
toration of feeding or that respond to both starvation as 
well as to refeeding.

Although we had already removed from this analysis 
any genes that were differentially expressed between fed 
control timepoints (Table S3B, Fig. S2), we wanted to 
further evaluate whether there were broader biological 
processes that may have been differential between those 
fed control samples that could affect our comparisons 
with starved/refed animals. We therefore performed GO 
term analysis of genes identified as significantly different 
between our fed control timepoints. The GO term “lipid 
metabolic process” was significantly enriched among 
genes that were significantly downregulated in 21dpS fed 
relative to 3dpS fed fish. Conversely, the GO terms “lipid 
localization” and “response to lipid” were significantly 
enriched among genes that were significantly upregu-
lated in 21dpS fed relative to 3dpS fed fish (Table S3D). 
Importantly, the GO term “lipid metabolic process” was 
also enriched in genes that were significantly downreg-
ulated in 21dpS starved relative to 21dpS fed fish, even 
after genes that were significant in our control analysis 
were removed (Fig. S1E). This raised the possibility that 
our observed impacts of starvation on lipid metabo-
lism genes here may be driven in part by unusually low 

expression of certain lipid metabolic genes in 21dpS fed 
fish, whereas other related lipid metabolic functions may 
be unusually high in 21dpS fed fish relative to the other 
fed timepoints. We therefore evaluated the log2 fold 
changes of genes from this control analysis alongside 
genes that were significantly different between starved 
and fed fish to discern if some of these differences may be 
driven by the control 21dpS fed fish (Fig. S3). We found 
that genes under the GO terms “ribosome” and “ribo-
some large subunit biogenesis” do not have differential 
expression in starved fish that is affected by unusual gene 
expression in the fed fish (Fig. S3C-D). In contrast, a sub-
set of genes such as pdk3b, syt1b, apoa1a, apoa4b.1, and 
fads2 which are significantly downregulated in starved 
fish at 21dpS relative to 21dpS fed, may be due in part 
to unusually high expression of these genes in 21dpS fed 
fish (Fig. S3A-B). However, most genes emphasized here, 
such as elovl2, pla2g12b, slc31a1, and many others, are 
not affected by abnormalities within the fed fish cohort 
and are likely true biological effects of the starvation 
treatment. To confirm this, we generated an independent 
cohort of adult zebrafish subjected to 21 days of starva-
tion or fed normally and used quantitative RT-PCR to 
evaluate intestinal expression of lipid metabolism genes. 
In accord with our RNA-seq data from the original exper-
imental cohort (Table S3), starved fish at 21dpS displayed 
significantly reduced expression of elovl2, pla2g12b, and 
apoa4b.2 compared to 21dpS fed controls (Fig. S4).

Several genes responsive to starvation are also responsive 
to high fat feeding
To interpret which starvation-responsive genes from our 
dataset responded transcriptionally across a broad range 
of nutrient availability, and which ones may constitute a 
starvation-specific response, we referenced our intesti-
nal RNA-seq results against previously published RNA-
seq data comparing digestive tracts from zebrafish larvae 
that were either unfed or fed a high-fat meal (chicken egg 
yolk) [59]. This revealed a large overlap in significantly 
differentially-expressed genes (Fig.  4A). Particularly, 
genes involved in lipid transport and metabolism such 
as fabp1b.1 and pla2g12b that were downregulated dur-
ing starvation were upregulated during high fat feeding 
in zebrafish, underscoring the ability of these genes to 
respond to nutrients in zebrafish. Several genes involved 
in immune function such as rsad2, stat1b, and ifit15 were 
downregulated during starvation, and were upregulated 
after high fat feeding. Also among the overlapping genes 
was the enteropeptidase tmprss15 which was upregulated 
during starvation but downregulated by high fat feed-
ing, and gamma butyrobetaine hydroxylase bbox1 which 
which was upregulated by both starvation and high fat 
feeding.
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While there was an overlap between genes in the above 
datasets that implicated them in the intestinal nutrient 
response, several genes that were significantly affected 
by starvation were not significantly affected by high 
fat feeding. These genes included the complement fac-
tor c6, the fatty acid elongase elovl2, and the phospho-
lipase pla2g4c. These findings suggest that some classes 
of genes involved in lipid transport or inflammation may 
be differentially regulated by factors uniquely associ-
ated with starvation and not nutrient excess inherent to 
high fat feeding. Alternatively, these differences could be 
ascribed to transcriptional responses unique to zebrafish 
life stages (adult vs larvae) or organs (intestine vs com-
plete digestive tract including intestine, liver, pancreas, 
and swim bladder), or to indirect effects of high fat egg 
yolk feeding that are unrelated to nutrition.

A small subset of genes responsive to starvation are 
also responsive to microbial colonization
We and others have shown that intestinal gene expres-
sion is regulated in part by the presence and composition 
of the intestinal microbiome [55, 74–76]. Our 16S rRNA 
sequence data revealed that starvation induced marked 
and reversible alterations to gut microbiome composition 
including enrichment of Vibrio sp., members of which 
have been shown to be pro-inflammatory, and a decrease 
in similarity in microbiome composition between starved 
fish and their environmental samples [48]. Although 
these results suggest altered gut microbial ecology during 
starvation, our study design did not permit us to causally 
link our observed changes in intestinal transcriptome and 
microbiome. Therefore, in order to identify transcrip-
tional responses to starvation that may also be sensitive 
to microbiome, we compared our RNA-seq data to a pre-
vious study investigating the effect of microbial coloniza-
tion on larval zebrafish digestive tracts [74]. We found 
no correlation between the two datasets, implying that 
there may not be extensive overlaps between transcrip-
tional responses to microbial colonization and starvation 
at these timepoints (Fig. 4B). This modest overlap may be 
due to transcriptional responses unique to zebrafish life 
stages (adult vs larvae) or organs (intestine vs complete 
digestive tract including intestine, liver, pancreas, and 
swim bladder). However, we did identify several overlap-
ping genes that were significant in both datasets. Two 

complement factors, c6 and c7, which were upregulated 
in colonized zebrafish, were also upregulated during 
starvation. In addition, two genes involved in the pro-
cessing of major histocompatibility complex, mad2l and 
erap1, were also among the overlapping genes. A small 
set of genes involved in lipid metabolism and intracellu-
lar cholesterol transport, such as elovl2, fads2, fabp1b.1 
and scp2a were significantly downregulated by both colo-
nization and starvation. The enteropeptidase tmprss15, 
which was differentially expressed during both starvation 
and high fat feeding, was also significantly upregulated by 
microbiome colonization. Overall, this comparison iden-
tified candidate genes that respond to both starvation 
and microbiome colonization.

Starvation‑responsive genes may also be controlled 
by the transcription factor hepatocyte nuclear factor 4 
alpha (HNF4A)
We next sought to identify transcription factors puta-
tively linked to the regulation of the starvation response. 
Using HOMER [77], we queried the genomic regions 
near all genes identified as significantly upregulated or 
downregulated by starvation. We restricted our search 
to regions within the gene body plus the flanking 10 kb 
upstream and downstream that we previously identified 
as accessible chromatin in the zebrafish intestine [51]. 
This revealed vertebrate transcription factor motifs sig-
nificantly enriched near starvation responsive genes at 
either 3dpS or 21dpS (Fig. 5A; Table S3C). PAX5 motifs 
were significantly enriched near downregulated genes, 
while FOXA1 motifs were significantly enriched near 
upregulated genes, both at 3dpS and 21dpS. Both PAX5 
and FOXA1 have been implicated in intestinal develop-
ment in mice [78, 79]. Further, HNF4A motifs were sig-
nificantly enriched near downregulated genes at both 
3dpS and 21dpS. We previously showed that the nuclear 
receptor HNF4A mediates host transcriptional responses 
to microbial colonization in zebrafish [74]. In addition, 
HNF4A in other animals is required for intestine-spe-
cific gene regulation and has conserved roles in glucose 
homeostasis, gluconeogenesis, and lipid metabolism, 
indicating that starvation-linked genes may be under the 
control of HNF4A [80–83]. This observation suggested 
that HNF4 transcription factors might facilitate both 
responses to starvation and changes to host microbiome.

(See figure on next page.)
Fig. 4 Some genes responsive to starvation in the intestine are also responsive to high fat feeding and microbial colonization. A Log2 fold changes 
for genes from 21dpS (X-axis) plotted according to their log2 fold changes in egg yolk-fed larval zebrafish compared to unfed controls (Y-axis), 
described in Zeituni et al [59]. Significantly differential genes only in starved zebrafish are plotted in blue, whereas genes significant in both datasets 
are plotted in red. Pearson’s correlation revealed a significant correlation between the two datasets (p < 0.05). B Log2 fold changes for genes from 
21dpS (X-axis) plotted according to their log2 fold changes in zebrafish larvae colonized with a microbiome compared to germ-free controls 
(Y-axis), described in Davison et al [74]. Genes with significant log2 fold changes only in starved zebrafish are plotted in blue, whereas genes 
significant in both datasets are plotted in magenta. Pearson’s correlation did not reveal a significant correlation between the two datasets (p > 0.05)
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Fig. 4 (See legend on previous page.)
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Based on these previous findings, a comparison of our 
starvation dataset to an RNA-Seq dataset from hnf4a 
mutant zebrafish [74] demonstrated that genes putatively 
controlled by hnf4a were significantly downregulated 
in our dataset (Fig. 5B). GO Term analysis revealed that 
“lipid metabolic process”, “viral response”, and a variety 
of other metabolic functions were significantly enriched 
among these overlapping genes. Specifically, the genes 
pla2g12b and elovl2, and other genes involved in lipid 
metabolism that were downregulated significantly in 
starved fish, were all downregulated in hnf4a−/− fish, 
implying that lipid metabolic responses to starvation 
might be positively regulated by Hnf4a. Similarly, several 
of the immune response genes differentially regulated in 
starved fish such as ifit15, ifit8, c6, and erap1a were also 
differentially regulated in hnf4a −/− fish, suggesting that 
the immune response to starvation may also be partly 
influenced by Hnf4a function.

Discussion
Interaction between the microbiome and host metab-
olism is known to occur in diverse pathophysiological 
contexts including starvation and malnutrition. How-
ever, few previous studies have simultaneously explored 
changes in host gene expression and microbiome com-
position as a function of starvation [84]. We focused 
here on the intestine as the animal’s primary interface 
with the gut microbiome and dietary nutrients. Our 
RNA-Seq data suggests that cytoplasmic translation, 
ribosomal genes, and ribosomal synthesis genes are 
upregulated in the zebrafish intestine early in star-
vation, whereas DNA repair, and vitamin and cofac-
tor metabolism genes become upregulated at 21dpS. 
Similarly, some pathways significantly downregulated 
at 21dpS were distinct from those downregulated at 
3dpS, with 21dpS including genes involved in antivi-
ral response, arginine and proline metabolism, and 
glycerophospholipid metabolism, among others. The 
distinct functions encoded at 3dpS and 21dpS suggest 
different stages of starvation, as previously described in 
zebrafish liver [52]. In sharp contrast to previous stud-
ies in other organs, only a handful of genes were dif-
ferentially expressed after refeeding in the zebrafish 

intestine, suggesting that the adaptive physiology dis-
played by the intestine during prolonged starvation is 
rapidly reversible after refeeding. In starved and refed 
zebrafish livers, upregulated genes are enriched for 
functions such as the TCA cycle, proteasome assembly, 
oxidative phosphorylation, and DNA replication and 
repair [52]. Similar compensatory mechanisms have 
been observed to accompany refeeding in cattle livers, 
as well as in salmon and trout muscle [85–87]. These 
results suggest that the intestine may be particularly 
plastic in its adaptation to starvation and refeeding 
compared to other organs such as muscle and liver.

To explore gene regulatory mechanisms underlying 
the intestinal response to starvation, we provide evi-
dence that hnf4a may regulate a substantial number 
of these starvation-associated changes, expanding the 
already large number of physiologic functions associated 
with this gene. Considering that hnf4a activity is sup-
pressed by the microbiome in zebrafish and mice [74], 
hnf4a may link alterations in the host microbiome and 
transcriptome during starvation. Future studies could 
test the impact of starvation on Hnf4a occupancy using 
ChIP-Seq, or on chromatin accessibility or histone modi-
fications in the intestinal epithelium to identify cis-reg-
ulatory regions involved in coordinating the starvation 
response. Our data also provide numerous candidate 
genes that can be used in future experiments to explore 
the specificity, regionality, and regulation of the starva-
tion responses in the zebrafish intestine.

Although our RNA-Seq data suggests many common-
alities between the starvation response in zebrafish and 
other vertebrates, it also highlights unique ways in which 
the zebrafish intestine may adapt to long-term starvation. 
For example, we observed an induction of complement 
proteins, ribosomal proteins, and a downregulation of the 
antiviral response during starvation. This is in contrast 
to rainbow trout liver where starvation was reported to 
reduce expression of ribosomal proteins [67]. Meanwhile, 
genes significantly downregulated at 21dpS included sev-
eral involved in the antiviral response. These pathways 
have not been previously reported in other animals in the 
context of starvation and thus could represent adaptive 
mechanisms unique to the zebrafish.

Fig. 5 The transcription factor hnf4a may regulate a subset of genes involved in starvation. A Scatterplot for motif enrichment scores for genes 
that were significantly up- or down-regulated at 3dpS (X-axis) and 21dpS (Y-axis), according to HOMER analysis of transcription factor binding sites 
within 10 KB upstream or downstream of the genes’ transcription start sites at each time point, based on whether these sites were located within 
accessible chromatic regions. The motif score reflects the log10 p-value assigned by HOMER to each motif, comparing genes up- or down-regulated 
at the specified timepoint using as background the genes that were regulated in the opposite direction at the same timepoint. HNF4A is among 
the transcription factors whose binding sites are enriched at genes downregulated at both 3dpS and 21dpS. B Log2 fold changes for genes from 
21dpS (X-axis) plotted according to their log2 fold changes in digestive tracts dissected from hnf4a mutant zebrafish larvae compared to wild-type 
controls (Mut-CV/WT-CV) (Y-axis), described in Davison et al [74]. Genes with genes with significant differential gene expression (21dpsSta/Fed) 
changes only in starved zebrafish are plotted in blue, whereas genes significant in both datasets are plotted in red. Pearson’s correlation revealed a 
significant correlation between the two datasets (p < 0.05)

(See figure on next page.)
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Fig. 5 (See legend on previous page.)
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Starved zebrafish exhibited significantly reduced 
growth that was not fully recovered during a 21-day 
refeeding timeline. This suggests that full somatic recov-
ery from starvation may require more time, or that there 
are permanent somatic changes associated with starva-
tion. In contrast, we find that the changes that starva-
tion induces in the zebrafish intestinal transcriptome 
and microbiome are rapidly normalized after refeeding. 
Whereas starvation significantly affected the expression 
of over 200 unique genes in the intestine compared to fed 
controls, refeeding for just 3 days restored normal levels 
of expression for all but 9 genes (Fig.  3B-C, Fig. S2D). 
Similarly, intestinal microbial communities subjected 
to starvation displayed significantly increased diversity 
(Fig.  1D) and altered composition (Fig.  2A) compared 
to fed controls, yet those differences were largely nor-
malized within 1 to 3 days of refeeding. By comparison, 
another animal that undergoes prolonged starvation, the 
hibernating ground squirrel, maintained baseline levels 
of intestinal microbiome diversity during early stages of 
winter hibernation, reduced diversity later in the win-
ter, and then increased diversity upon refeeding in the 
spring [88]. That boost in diversity upon refeeding was 
attributed to new bacterial taxa associated with the intro-
duced food. For this study, no samples of food-associ-
ated bacterial taxa were taken, so we cannot distinguish 
between these two possible explanations. Regardless, 
the distinct effects of starvation and refeeding on intes-
tinal microbiome diversity in zebrafish and ground squir-
rels underscores the importance of studying the ecology 
and physiology of prolonged starvation and refeeding in 
diverse animal hosts.

Our results also provide insight into the specific bac-
terial lineages that are most sensitive to starvation and 
refeeding in the zebrafish intestine. We previously dem-
onstrated that Vibrio and Plesiomonas genera are part 
of a core gut microbiome of zebrafish [89]. We specu-
late that the opposing changes in relative abundance of 
these two taxa likely reflect differing abilities to survive 
in the altered environment of the starved gut (Fig.  2B, 
C, E). Vibrio sp. are common members of the intestinal 
microbiome in zebrafish, and their relative abundance 
correlates positively with intestinal inflammation [41, 42, 
48]. This suggests that starvation-induced alterations in 
the relative abundance of Vibrio sp. and other bacteria in 
the zebrafish intestine might be linked with alterations 
in intestinal gene expression. During starvation in chick-
ens, intestinal mucus is known to increase in abundance 
and thickness, possibly creating a competitive advantage 
for mucin-degrading bacteria [90, 91]. Vibrio spp. can 
degrade intestinal mucus, which may be why there is an 
observed increase in Vibrio during starvation [92, 93]. 
Conversely, Plesiomonas may be less suited for survival 

during prolonged starvation periods within the gut. It 
remains unclear if these changes in relative abundance 
were accompanied by alterations in microbial community 
density, which could be explored in future studies. It is 
striking that these and other starvation-induced pertur-
bations to gut microbiome composition, similar to host 
gene expression in the gut, were largely restored within 
1 to 3 days after refeeding. This underscores remarkable 
plasticity in intestinal physiology and microbial ecology 
in response to starvation and refeeding.

Methods
Animal husbandry
Unless otherwise stated, all fish were maintained on 
a 14-h light cycle at 28 °C. All zebrafish used for these 
experiments were born on the same day from 1 (RNA-
Seq) or 3 (16S rRNA gene amplicon sequencing and qRT-
PCR assays) breeding pairs from a single sibship.

Animals used for RNA-Seq and 16S rRNA gene ampli-
con sequencing were generated at Duke University as 
follows. Fertilized embryos were transferred into Petri 
dishes containing egg water (6 g sea salt, 1.5 g calcium 
sulfate, 0.75 g sodium bicarbonate, 10–12 drops meth-
ylene blue, 10 L water) at a density of 50 embryos/dish 
incubated at 28.5 °C. At 1-day post-fertilization (dpf), 
embryos were transferred to 3 L tanks containing 500 mL 
water from a recirculating zebrafish aquaculture system 
(system water). Each tank contained 10 (16S rRNA gene 
sequencing) or 30 (RNA-Seq) embryos. Fish were then 
maintained under standard husbandry on a recirculating 
zebrafish aquaculture system until the start of the experi-
ment at 60dpf. Zebrafish were then randomly transferred 
into four (RNA-Seq) or eight (16S rRNA gene sequenc-
ing) clean 10 L tanks at a density of 44 (RNA-Seq) or 
67 (16S rRNA gene sequencing) fish per tank, with half 
the tanks receiving no food for the following 21 days 
(Fig.  1A). Following the 21 days of starvation, feedings 
for all tanks were allowed to occur as per standard hus-
bandry: two feedings of live Artemia per day interspersed 
with two feedings of Gemma 300 (Skretting). Over the 
21 days of starvation and 21 days of refeeding, all fish 
remained on the recirculating zebrafish aquaculture sys-
tem and we observed no mortality in any condition or 
experiment.

Animals used for qRT-PCR validation were generated 
at the Carnegie Institution as follows. Fertilized emby-
ros were transferred at 5dpf to 10 L tanks, with each tank 
containing approximately 70 larvae. Fish were fed a regi-
men of Gemma Micro (Skretting) with gradually increas-
ing pellet sizes. For the first 2 weeks of feeding, larvae 
were fed exclusively Gemma Micro 75, and then tran-
sitioned to a diet of Gemma Micro 150 supplemented 
with live Artemia (www. artem ia- inter natio nal. com) for 

http://www.artemia-international.com
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the subsequent 3 weeks, at which point fish were tran-
sitioned to anadult diet of Gemma Micro 300 with only 
occasional live brine supplementation. Adults raised in 
this manner were transferred to one of 12 experimental 
3 L tanks that were balanced for density and gender ratio, 
and half of those tanks received no food for the following 
21 days.

All fish to be sampled on a particular day were col-
lected prior to the first daily feeding in the fish facility. 
Samples for 16S rRNA gene amplicon sequencing were 
collected at 0 days post-starvation (0dpS), 1 dpS, 3dpS, 
7dpS, 21dpS, 1 day post-re-feed (dpR), 3dpR, 7dpR, and 
21dpR (Fig.  1A) with six randomly selected fish at each 
time point per tank were euthanized by tricaine overdose 
(0.83 mg/ml tricaine). Fish were imaged on a dissect-
ing scope to facilitate subsequent standard length (SL) 
and height at anterior of anal fin (HAA) measurements 
[94]. Intestinal tracts were then dissected from each fish 
and placed individually in lysis buffer (20 mM Tris-HCl 
(pH 8.0), 2 mM EDTA (pH 8.0), 1% Triton X-100, flash-
frozen in a dry-ice/ethanol bath, and stored at − 80 °C 
until DNA extraction.

Samples for RNA-Seq were collected at 3dpS, 21dpS, 
and 3dpR. At each time point, three randomly selected 
fish per tank were euthanized by tricaine overdose 
(0.83 mg/ml tricaine). Fish were imaged on a dissecting 
scope to facilitate subsequent standard length (SL) [94]. 
Intestinal tracts were then dissected from each fish and 
placed individually in 2 mL cryovials filled with TRI-
zol reagent (Thermo Fisher, 15,596,026), flash-frozen in 
a dry ice-ethanol bath, and stored at − 80 °C until RNA 
extraction.

Samples for qRT-PCR were collected at 21dpS. Fish 
were euthanized by tricaine overdose, and their intes-
tines were dissected and stored individually in 0.5 mL of 
RNAlater.

16S rRNA gene sequencing
Genomic DNA was extracted from individual zebrafish 
intestinal tracts using Qiagen DNeasy Blood and Tissue 
Kits (Qiagen, modified with bead-beating as previously 
described) [42]. Genomic DNA was subsequently used 
as template for PCR amplification of the v4 region of 16S 
rRNA gene and 150 bp/cycle paired-end sequencing was 
performed on an Illumina HiSeq 2000 Sequencing Sys-
tem (see Table S4 for primers) at the University of Ore-
gon Genomics and Cell Characterization Core Facility.

16S rRNA gene sequence bioinformatic and statistical 
analysis
FASTQ files were demultiplexed and split by sample 
ID using QIIME (v1.9.1). Within RStudio version 3.4.1, 
the files were then quality filtered, trimmed, denoised, 

merged, checked for chimeras, and assigned taxonomy 
using DADA2. Taxonomic assignments were made using 
the Silva v132 database. Data analysis used the R pack-
ages vegan and phyloseq. LEFsE was accessed through 
the Huttenhower Galaxy website: https:// hutte nhower. 
sph. harva rd. edu/ galaxy/. The following packages were 
used for analyses and the creation of figures: ape, picante, 
vegan, ggtree, SEPP, plotyly, heatmaply, and pairwisead-
onis [95–102].

RNA extraction and sequencing
Frozen whole intestinal samples stored at − 80 °C were 
homogenized using Zirconium oxide beads (Biospec, 
11,079,107) and a Vortex Genie2 (Scientific Industries, 
1311-V) fitted with a Vortex Adapter (Scientific Indus-
tries, 13,000-V1–24) in three 45-s intervals. Samples 
were put on ice in-between homogenization to prevent 
overheating. Following homogenization, a phase sepa-
ration was performed by adding 200ul of chloroform to 
each sample and mixing by vigorous inversion 15 times. 
Samples were then incubated at room temperature for 
3 min and centrifuged at 12000rcf for 15 min at 4 °C. 
500ul of the aqueous upper phase from each sample 
was then transferred to a new Eppendorf tube, to which 
500uL 70% Ethanol in DEPC water was added and vor-
texed. Following phase separation, samples were DNase 
treated and total RNA was extracted via column purifi-
cation using the PureLink DNase Set (Thermo Fisher, 
12,185,010) and the PureLink RNA Mini kit (Thermo 
Fisher, 12,183,025) according to the manufacturer’s 
instructions. Final sample quality and concentration 
were assessed via spectrophotometry and samples were 
stored at -80 °C until submission to the Duke Sequenc-
ing and Genomic Technologies Core. RNA-seq libraries 
were prepared and sequenced by Duke Sequencing and 
Genomic Technologies Core on an Illumina HiSeq 2500 
to generate 50 bp single-end reads (SR).

RNA‑seq bioinformatics
All raw zebrafish RNA-seq data was processed on the 
Galaxy server [103]. Raw fastq files were trimmed 
using Trim Galore [104]. Trimmed fastq files were then 
mapped to the zebrafish genome (GRCz10) using STAR 
using default settings to generate BAM files, which were 
converted to counts using HTSeq (v.0.9.1). BAM files 
were converted to bigWig files using the bamCompare 
tool (v2.5.0) with RPKM normalization before visualiza-
tion on the UCSC Genome Browser [105–107].

TPM expression values were obtained for transcripts 
via Salmon [108]. Pairwise differential gene expres-
sion tests were carried out with DESeq2 using counts 
files generated by HTSeq [108, 109]. For comparisons 
between starved and fed fish, the default significance 

https://huttenhower.sph.harvard.edu/galaxy/
https://huttenhower.sph.harvard.edu/galaxy/
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threshold of adjusted p-value 0.05 was used for each 
comparison. For comparisons across fed fish controls, 
the significance threshold was defined as the gene either 
having an absolute  log2 fold change greater than 1.0 or a 
p-value less than 0.05 (See Figs. S1, S3, and Table S3B). 
Versions of the analysis that include the genes removed 
by this filtering step are available in Fig. S2.

Hierarchical clustering of  log2 fold change values for 
genes was performed using Cluster 3.0, and heat maps 
were generated using Java Treeview [110, 111].

HOMER software (http:// homer. ucsd. edu/ homer/ 
motif/) analysis was performed on significantly upregu-
lated and downregulated genes at both 3dpS and 21dpS 
(3dpS starved/3dpS fed and 21dpS starved/21dpS fed, 
respectively), using regions within the gene body plus 
the flanking 10 kb upstream and downstream that we 
previously identified as accessible chromatin in the 
zebrafish intestine [51] using the findMotifs.pl com-
mand. A motif score was obtained by taking the -log10 
values of the p-values assigned by HOMER. A motif 
was then deemed ‘enriched’ amongst either upregu-
lated or downregulated genes at each timepoint (3dpS 
or 21dpS) based on whether it had a higher motif score 
among the upregulated or downregulated gene sets.

For comparisons with the larval zebrafish egg yolk 
feeding dataset,  log2 fold changes in 21dpS fed fish 
relative to 21dpS starved were compared to  log2 fold 
changes in larval zebrafish digestive tracts 4 h after egg 
yolk feeding (i.e. “HF 4h logFC”) obtained from Supple-
mentary Table 1 in [59], the raw data for which is avail-
able at accession GSE87704. For comparisons with hnf4a 
mutant and microbially colonization datasets, data was 
obtained from Supplemental Table  2 in [74], using  log2 
fold changes comparing digestive tracts from hnf4a 
homozygous mutant and wild-type 6dpf zebrafish larvae 
raised under conventionalized ex-germ-free conditions 
(“MutCV/WTCV”) and from wild-type 6dpf zebrafish 
larvae reared under germ-free of ex-germ-free conven-
tionalized conditions (“WTGF/WTCV”), respectively. 
Raw data from [74] is available at accession GSE90462.

Quantitative RT‑PCR assays
Dissected intestines from 16 starved and 15 fed 
5–6-month-old fish were stored in RNAlater and 
shipped to the Rawls lab. Tissue was homogenized with 
bead beater tubes (Bertin Corp, P000912-LYSK0-A) 
and RNA was extracted with chloroform, precipitated 
with isopropanol, washed with ethanol, and treated 
with DNase (Invitrogen, AM1906). RNA concentra-
tion was assessed using Qubit RNA BR Assay Kit 
(ThermoFisher, Q10210). 800 ng of RNA were then 
reverse transcribed using the iScript cDNA Synthesis 
kit (Bio-Rad, 1708891). Quantitative real-time PCR was 

performed on QuantBio Studio6 (Applied Biosystems) 
using gene-specific primers for pla2g12b (F 5′-CAG 
TAC CGC TGC AGA TAT GGT-3′, R 5′- ATT CGG TAC 
CTG GAA GCC AAG-3′), elovl2 (F 5′- ACA GTT TTC 
AGC TGT CCC GT-3′, R 5′- CAT CCT CTC ACG CGG 
GTA TC-3′), apoa4b.2 (F 5′-TTG TGG TCT TTG CAC 
TTG CT-3′, R 5′- TCA TCT TGA CGG TTT CCT CTG-3′) 
and ef1a (F 5′- CTT CTC AGG CTG ACT GTG C-3′, R 5′- 
CCG CTA GGA TTA CCC TCC -3′). 6 samples (3 male, 3 
female) in each group were randomly chosen and ana-
lyzed in duplicate 25 μl reactions using 2X SYBR Green 
SuperMix (PerfeCTa, Hi Rox, Quanta Biosciences, 
95055) and normalized to the expression of ef1a as a 
house-keeping gene. Expression profile and associated 
statistical parameters were determined using the ∆∆CT 
method and graphed in Prism (GraphPad).
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